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ABSTRACT: Intracellular sensing of pathologically relevant
biomolecules could provide essential information for accurate
evaluation of disease staging and progression, yet the poor
cellular uptake of water-soluble molecular probes limits their
use as protease sensors. In other cases such as extracellular
sensing, cellular uptake should be effectively inhibited. Self-
assembly of molecular probes into supramolecular nanoprobes
presents a potential strategy to alter their interaction
mechanisms with cells to promote or reduce their cellular
uptake. Here, we report on the design, synthesis, and assembly
of peptide-based molecular beacons into supramolecular
protease sensors of either spherical or filamentous shapes. We found that positively charged spherical nanobeacons demonstrate
much higher cellular uptake efficiency than its monomeric form, thus making them most suitable for intracellular sensing of the
lysosomal protease cathepsin B. Our results also suggest that assembly into filamentous nanobeacons significantly reduces their
internalization by cancer cells, an important property that can be utilized for probing extracellular protease activities. These
studies provide important guiding principles for rational design of supramolecular nanoprobes with tunable cellular uptake
characteristics.

■ INTRODUCTION

The basis of optical imaging is to measure and process photonic
signals generated as a result of specific interactions or reactions
between the target biomolecules and rationally designed
molecular probes.1−3 As the reporting agent, molecular probes
play a key role in translating biological information such as
enzymatic activities or receptor locations into detectable signals.
To obtain accurate diagnostic, therapeutic, or pathological
information, molecular probes are often designed to have
several important features including preference to accumulate
in the targeted sites, specificity to bind/react with the molecular
targets, ability to precisely translate the biological events into
detectable signals, dispersion in aqueous media, and resistance
to premature degradation during transportation. Because a large
body of their molecular targets are located within cells, one
particular challenge in utilizing water-soluble molecular probes
for intracellular sensing is their effective uptake into cells of
interest. Incorporating into the molecular design an auxiliary
segment such as cell-penetrating peptides,4 targeting ligands,5

or linear hydrocarbons6,7 is a widely explored strategy in the
drug delivery community to enhance interactions of the
resultant conjugates with cell membranes, thus leading to
improved cellular uptake. However, because these conjugates

still retain great water solubility, their risks of being prematurely
degraded by nonspecific enzymes during transport have not
been reduced. Recently, the work from the Mirkin lab has
shown that high-density display of oligonucleotides on the
surfaces of gold nanoparticles could improve both cellular
uptake and resistance to enzymatic degradation.8,9 We have also
demonstrated that self-assembly of anticancer drugs into
supramolecular nanostructures provides an effective means to
improve their resistance to hydrolysis and enzymatic
degradation.10,11 On the basis of these findings, we reason
that assembling molecular probes into supramolecular nanop-
robes with tunable physicochemical characteristics would
present an effective strategy to modulate their cellular uptake
properties while improving their resistance to nonspecific
degradation.
Many studies in the literature have shown that particle

characteristics such as size, shape, and surface charge could
affect to a great extent both their internalization efficiency and
their endocytic pathways.12−21 For example, the Chan lab
investigated the intracellular uptake of different sized and
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shaped colloidal gold nanoparticles and showed that the
kinetics and saturation concentrations are highly dependent
upon the physical dimensions of the nanoparticles.14 The Chan
lab also demonstrated that the receptor-mediated internal-
ization can be regulated by using inorganic nanoparticles coated
with antibodies, and their results suggested that nanoparticle
size is a critical factor to determine the binding and activation
of membrane receptors.17 Mitragotri and co-workers reported
that the internalization of micrometer-sized polystyrene
particles by alveolar macrophages is primarily determined by
the local shape of the particles, not by their size.18,22,23 They
proposed that the local particle shape plays a dominant role in
initiating the phagocytosis process through interactions with
cytoskeletons. Discher and co-workers studied the shape effect
of filamentous nanostructures versus spherical objects in both
in vivo and in vitro settings, and found that block copolymer
filomicelles coated with a dense layer of polyethylene glycol
(PEG) could circulate 10 times longer than their spherical
counterparts in rodents.15 Their in vitro experiments
demonstrated that vesicles coated with PEG can be taken up
more easily by activated macrophages, and that the
phagocytosis efficiency of filomicelles strongly depends on
their lengths, with the shorter ones being internalized at faster
rates and filomicelles longer than 3 μm being hardly
internalized. The DeSimone lab utilized a PRINT nanoparticle
fabrication technique to generate monodisperse hydrogel
particles ranging from 100 nm to 5 μm, and systematically
studied their internalization by HeLa cells as a function of size,
shape, and surface charge.16 They concluded that rod-like
particles of higher-aspect ratios are internalized more rapidly
and more efficiently than the more symmetric ones. These
pioneering studies suggest a complex interplay of cell types
(phagocytic or nonphagocytic) with the particle characteristics
and materials properties, but at the same time suggest the
possibilities of modulating the cellular internalization of
molecular probes by tuning the physicochemical properties of
their assemblies.
Molecular beacons are activatable molecular probes typically

containing a pair of fluorophores that were originally designed
for sequence detections of DNA or RNA on the basis of a
change in quenching status after binding with the target
molecules.24 This Förster resonance energy transfer (FRET)-
based probe design is particularly useful in situations where
probe-bound target molecules cannot be easily separated from
unbound probes and other nontarget molecules. There has
been a growing interest in the design of peptide-based
molecular beacons to detect enzymatic activities of disease-
relevant proteases.25−29 We recently reported a rational design
of supramolecular spherical nanobeacons that can be used to
probe a cancer-relevant enzyme, cathepsin B (CatB).11 Our
previous results have shown that the assembled beacon is
resistant to enzymatic degradation but upon dilution could
dissociate into the monomeric form for effective cleavage by the
target enzyme. Inspired by the tunable cellular uptake features
of nanoparticles through changes in size, shape, and charge
status, herein we designed and synthesized two self-assembling
molecular beacons of exactly the same chemical structures
except for their terminal residues: one with three positively
charged lysines (K), the other with three negatively charged
glutamic acids (E). Both molecules can be directed to assemble
into either spherical or filamentous nanobeacons through the
manipulation of their assembly kinetics. Using this unique
system, we studied the interdependent relationship of the

nanoparticle’s shape and charge in regulating the cellular
internalization of molecular beacons. These findings demon-
strate the importance of a nanoparticle’s shape in regulating
cellular uptake, and also highlight the structural benefit of
supramolecular nanobeacons over its monomeric form.

■ RESULTS AND DISCUSSION
Molecular Design. The key feature of our molecular design

is to construct an amphiphilic nanobeacon with the central
assembly regulating sequence, GNNQQNY heptapeptide, to
promote the self-assembly of nanobeacons into different
morphologies. The heptapeptide sequence is derived from
Sup357−13, known to have a high propensity to form
intermolecular hydrogen-bonded β-sheets.30,31 To achieve the
desired molecular characteristics for self-assembly, a hydro-
phobic quencher (Black Hole Quencher-1, BHQ-1) and a
corresponding fluorophore 5-carboxyfluorescein (5-FAM) were
covalently linked to the Sup357−13 with customizable hydro-
philic charged ends, creating an amphiphilic molecular beacon
(Figure 1). This peptide conjugation concept offers a versatile
design platform for accessing a great diversity of nanostruc-
tures,32 and has been used to construct peptide amphi-
philes,33−41 drug amphiphiles,10 and other peptide-based self-
assembling amphiphilic molecules.42−44 Three lysines (K) or
glutamic acids (E) were placed on the C-terminus of the
Sup357−13 to obtain the positively charged SFB-K or negatively

Figure 1. (a) Molecular design of the two studied self-assembling
SFB-K and SFB-E molecular beacons, each containing four key design
elements: (i) the Black Hole Quencher-1 (BHQ-1), (ii) the reporting
agent 5-FAM, (iii) the central assembly regulating sequence
GNNQQNY terminated with either three lysines (K) or glutamic
acids (E), and (iv) the substrate -GFLG- with degradation specificity
to a disease relevant protease, cathepsin B (CatB). (b) Both SFB
molecular beacons are able to assemble into spherical or filamentous
supramolecular nanobeacons, depending on both the assembly
temperature and the incubation time.
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charged SFB-E molecular beacons. Excluding the difference in
terminal residues, the two studied molecules have identical
chemical components. A tetrapeptide -GFLG- linker with
known degradation specificity to the lysosomal enzyme
cathepsin B (CatB) was used to connect the 5-FAM dye to
the BHQ-1 quencher through a lysine junction.45 CatB is a
potential cancer marker for tumor screening, and has been
reported to be related to tumor growth and progression.46,47

The specific degradation of -GFLG- linker by CatB is expected
to release 5-FAM from BHQ-1 quenching and resumes its
fluorescence capacity, generating measurable optical signal for
tracing the CatB locations. With this unique activatable feature,
SFB fluorescence is detectable only upon cellular internal-
ization and CatB activation, reducing the false-positive signal
that could otherwise arise from nonspecific binding to the cell
membrane. Both the SFB-K and the SFB-E molecular beacons
were synthesized using a combination of automated and
manual Fmoc solid-phase peptide synthesis (SPPS) methods as
reported previously.11 After RP-HPLC purification, the purity
and expected molecular masses of the synthesized compounds
were confirmed using analytical HPLC and mass spectrometry.
Details for molecular synthesis and characterization are
available in the Supporting Information, section S1.
Molecular Self-Assembly and Characterization. It has

now been well recognized that the assembled morphology of
the molecular building units can be influenced by both the
experimental conditions and the kinetics pathways.48−53 In the
context of peptide assembly into filamentous nanostructures,
Tirrell and co-workers have demonstrated the existence of
spherical micelles as a transient morphology that would grow
into filamentous micelles with increased incubation time at
elevated temperature.54 In our effort to obtain spherical and
filamentous nanostructures, SFB-K and SFB-E molecules were
both pretreated in hexafluoroisopropanol (HFIP) to eliminate
any pre-existing aggregates that could potentially form during
the peptide synthesis and purification processes. HFIP is a
fluorinated alcohol commonly used to solubilize amyloid-
forming peptides.55 All HFIP treated samples were vacuum-
dried using a rotary evaporator, followed by subsequent
addition of a buffered solution to promote the formation of
discrete nanostructures. After a certain period of incubation
time, both cryogenic and staining-and-drying transmission
electron microscopy (TEM) were utilized to characterize the
morphology and dimensions of the assembled nanostructures.
We found that reconstitution of both SFB-K and SFB-E in

25 mM HEPES buffer to reach a final concentration of 200 μM
led to the formation of spherical nanobeacons after aging the
solutions for 1 day at 4 °C (Figure 2). TEM micrographs
(Figure 2a,b) reveal dominant spherical nanostructures of a
diameter of 7.8 ± 0.9 nm for SFB-K and a diameter of 7.6 ± 1.3
nm for SFB-E. Given the fully extended length of the SFB
molecule (∼5 nm) and the amphiphilic nature of the design, it
is likely that assemblies have a core−shell structure. When the
incubation temperature was increased to 25 °C, filamentous
nanostructures became dominant for SFB-K after 3 days of
aging. However, for SFB-E, the transformation of spherical to
filamentous assemblies underwent a much slower process, only
showing a mixture of spherical and filamentous nanostructures
under the same experimental conditions. To achieve predom-
inant filamentous structures for the latter in vitro cell studies,
we directly dissolved lyophilized SFB-E powder in 1×DPBS
buffer without HFIP pretreatment, followed by aging at 25 °C
for 3 days. Our rationale was that the trace amount of

preassembled structures during the peptide purification and
lyophilization process could template the growth of the
filamentous nanostructures. Indeed, SFB-E samples treated
this way were found to form dominant filamentous
morphology. TEM imaging (Figure 2c−d) revealed filamentous
nanostructures of a diameter of 9.2 ± 1.9 and 8.9 ± 1.4 nm for
SFB-K and SFB-E, respectively. The length of these filaments is
in the range of tens of micrometers, which was estimated from
TEM images taken at lower magnifications (Figure S4). Cryo-
TEM was used to confirm that the observed filamentous
assemblies were indeed formed in solution, not a result of
drying during TEM sample preparation (Figure S5).
The slightly larger diameters of the filaments than those of

their respective spherical assemblies could stem from the
variation in the peptide secondary structure affecting the degree
of molecular stretching and packing. Circular dichroism (CD)
measurements showed that both SFB-K and SFB-E adopted
the random-coil conformation in their spherical assemblies, but
exhibited typical β-sheet secondary structure absorption in
filamentous assemblies (Figure S6). This observation is
consistent with other studies in the literature where spherical
and filamentous nanostructures assume different secondary
structures.56 These results also suggest that the emergence of
the β-sheet conformation is important to promote the
formation of the elongated (filamentous) structures.38,56,57

Zeta potential measurements were carried out to characterize
the surface charge of these assembled nanostructures. As
expected, spherical and filamentous SFB-K nanostructures
containing the ε-amino group (primary amine) have a positive
zeta potential of +40.7 ± 2.1 and +42.9 ± 0.7 mV, respectively,
while the zeta potentials for spherical and filamentous SFB-E

Figure 2. TEM micrographs of spherical and filamentous nanostruc-
tures formed by self-assembly of SFB-K (a,c) and SFB-E (b,d). All
samples were prepared from the HFIP treated molecular beacons and
reconstituted in 25 mM HEPES buffer to reach a final concentration of
200 μM, except filamentous SFB-E that was prepared by directly
dissolving lyophilized SFB-E in 1×DPBS solution. All spherical
nanostructures were kept at 4 °C for 1 day, while filamentous
nanostructures were aged for at least 3 days at room temperature (25
°C).
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assemblies were −50.2 ± 1.6 and −61.1 ± 6.2 mV, respectively.
The negative surface charge of SFB-E nanostructures was
attributed to the deprotonated γ-carboxyl and free C-terminus
groups. The zeta potential measurement in our study is based
on the electrophoretic mobility of particles in an applied
electric field. In general, for spherical particles, the zeta
potential measured by this method is independent upon the
size. For charged long cylinders, however, their electrophoretic
mobility depends on the particle’s orientation relative to the
applied electric field.58−60 Upon transition from spherical
micelles to filamentous nanobeacons, it is likely the solution
viscosity will increase, so as to impact the measured
electrophoretic mobility and consequently the zeta potential
values. Therefore, given the complexity of comparing the zeta
potentials between spherical and filamentous nanostructures, a
definitive answer to explain the slightly increased zeta potential
values from spheres to filaments is still lacking. Nevertheless,
the measured zeta potential values suggest that the assembled
nanostructures are stable in aqueous solutions.
Cellular Uptake. We investigated the effect of the surface

charge, the nanostructure morphology, and the molecular
assembly state (assembled versus unassembled/monomeric) on
the cellular uptake of nanobeacons by cancer cells. As discussed
earlier, the physicochemical properties of nanostructures could
have a significant impact on their internalization pathways as a
result of different interaction mechanisms with cell mem-
branes.8,61−64 To prepare unassembled molecular beacons,
SFB-K and SFB-E were dissolved in dimethyl sulfoxide
(DMSO), a solvent that can retain amyloid-β peptide in its
monomeric state and is known to have minimal impact on the
cell growth at low concentrations.65 It is highly possible that
upon adding the unassembled molecules into the cell media,
some assembly could take place to form dimers, trimers, or
even spherical assemblies. Although it is not clear to what
extent the assembly could impact their cellular uptake, our cell
studies suggest that this level of assembly is negligible within
the time scale of cellular uptake experiments.
The cellular uptake of SFB nanobeacons was studied using

PC3-Flu, a metastatic human prostate cancer cell line that has
been reported to have overexpressed CatB activities associated
with its aggressiveness.66 The preseeded cells were treated with
cell media containing 5 μM of SFB nanobeacons of respective
shape, charge, and assembly state for 1 h. After removal of the
beacon-containing cell medium, PC3-Flu cells were treated
with 200 μL of Trypsin Gibco 0.25% Trypsin-EDTA (1×),
phenol red, followed by a series of resuspension and
centrifugation procedures. Flow cytometry was then used to
quantify the released 5-FAM fluorescence within cells (Figure
3). Because only internalized SFB beacons can be activated by
the lysosomal enzyme CatB and the activation rate of different
molecular beacons regardless of surface charges, morphology,
and molecular state fell into a comparable region (Figure S7),
the geometric mean intensity of the released 5-FAM
fluorescence can be used to compare the cellular uptake
efficiency of the studied SFB beacons (Figure 3b,c,e,f). Figure
3a and d reveals the relative 5-FAM fluorescence intensity for
all of the studied SFB beacons, by choosing the 5-FAM
intensity of SFB-K spherical nanobeacon as a reference point.
The flow cytometry results revealed a significant difference in

the cellular uptake of cationic spherical nanobeacon from its
filamentous counterparts and monomeric forms (Figure 3a).
PC3-Flu cells treated with cationic SFB-K spherical nano-
beacons showed a ∼7-fold higher fluorescence than filamentous

nanobeacons (14%). More importantly, the self-assembled
form of SFB-K spherical nanobeacons showed ∼3-fold
fluorescence increases as compared to the monomeric beacon
(33%), presumably due to the enhanced interactions with cell
membranes as a result of high charge density displayed on the
nanobeacon surface.8 Cellular uptake of nano-objects was
known to be heavily impacted by the surface chemistry, with
the cationic nanoparticles showing higher intracellular accu-
mulation.67 Similarly to our studies, cationic SFB-K nano-
beacons were internalized faster than negatively charged SFB-E
(Figure 3a). This phenomenon is most likely caused by the
electrostatic interaction of cationic nanoparticles with a slightly
anionic cell membrane.67

We also found that only the cellular uptake of spherical
nanoparticles is greatly affected by their surface charge: cationic
spherical nanoparticles fluoresced in cells ∼7 times higher than
anionic spheres (14%). It is equally important to note that
filamentous nanobeacons can hardly be internalized regardless
of their charge status, and even showed reduced cellular uptake
in comparison to monomeric beacon molecules. Figure 3a
shows an approximately 2-fold decrease in 5-FAM fluorescence
between filamentous nanobeacons (8−14%) and monomeric
beacon (14−33%). We speculate that the elongated filaments
spanning up to tens of micrometers in length were too big for
the cells to engulf, consistent with the observation made by the
Tirrell lab.6 The high-aspect ratio of filamentous nanostructure

Figure 3. Effect of charge, shape, and assembly state of SFB beacons
on the cellular uptake efficiency by cancer cells, characterized using
flow cytometry. (a) Fluorescence intensity measurement suggests that
spherical SFB-K nanobeacons were internalized faster than SFB-K
monomeric beacon, and filamentous nanobeacons. Flow cytometry
spectra comparing fluorescence intensity of different shapes of SFB-K
(b) and SFB-E(c). (d) Upon inhibition of energy-dependent
endocytosis pathway (+inh), PC3-Flu cells did not show appreciable
uptake of SFB nanobeacons. Flow cytometry spectra comparing
fluorescence intensity of different shapes of SFB-K (e) and SFB-E (f)
in the presence of inhibitors for ATP production.
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would require a much higher membrane bending energy, which
is unfavorable for the cellular membrane wrapping process.68

We also performed TEM experiments to verify the stability
of spherical and filamentous nanostructures under the
condition of the cellular uptake experiments. Figure S8 shows
the TEM micrographs collected from 5 μM SFB solutions after
1 h incubation at 37 °C, suggesting that SFB spherical and
filamentous nanostructures were able to maintain their
morphology in physiological buffers and cell media. We
therefore conclude that the observed differences in cellular
uptake of various nanobeacons arose from their distinction in
the assembled state.
To better understand the greater intracellular accumulation

of cationic spherical nanobeacons, we investigated the potential
mode of their cellular entry. It has been shown that
nanoparticles could enter cells via energy-dependent endocy-
tosis or translocate through the cell membrane via a passive
mechanism, depending on their shape and surface charge.69−72

In our studies, we utilized a combination of sodium azide
(NaN3) and 2-deoxy-D-glucose (DDG)73 to inhibit the
metabolic activity of cells. NaN3 inhibits ATPase activity to
reduce cellular ATP production capability, while DDG depletes
intracellular ATP storage.74,75 PC3-Flu cells were first
preincubated with 10 mM NaN3 and 10 mM DDG for 15
min, and then were incubated with 5 μM SFB nanobeacons for
1 h at 37 °C. Presumably, these inhibitors would limit the
energy-dependent endocytosis due to the lack of intracellular
ATP. To demonstrate that PC3-Flu cells remained viable under
the treatment of inhibitors, a cell cytotoxicity assay was
performed with various concentrations of inhibitors that
confirmed the viability of cells (Figure S11). The inhibition
result in Figure 3d showed that the cellular uptake of all SFB
nanobeacons was reduced to basal level (<10%), clearly
indicating the cellular uptake of these conjugates follows the
energy-dependent endocytosis pathway in all studied cases.
Cell Imaging. To verify that SFB nanobeacons were indeed

internalized to generate intracellular 5-FAM fluorescence upon
enzymatic activation, nanobeacon-treated live cell imaging was
conducted using confocal microscopy. PC3-Flu cell nuclei were
stained blue using Hoechst 33342, and the released 5-FAM
from SFB nanobeacons by CatB protease cleavage would emit
the green fluorescence. The confocal images (Figure 4)
revealed clearly that the strongest fluorescence came from the
cells treated with positively charged SFB-K spherical nano-
beacon (Figure 4b), followed by the SFB-K monomeric beacon
(Figure 4a). On the other hand, the 5-FAM green fluorescence
can be barely seen for all of the negatively charged and
filamentous nanobeacons (Figure 4c−f), suggesting marginal
cellular uptake in these studies. This observation is consistent
with the fluorescence intensity trend quantified by flow
cytometry analysis in Figure 3a. Because it has been widely
reported that the positively charged particles can induce
temporary transmembrane pores that can cause potential
toxicity to the cells,76−78 we evaluated the cell viability of
PC3-Flu cell treated with nanobeacons of different shapes and
surface charges. The result in Figure S10 showed that cell
viability remained high (>95%) under these experimental
conditions.
To further examine the intracellular distribution of the

spherical SFB-K nanobeacons, PC3-Flu cells were treated with
Lysotracker Red to label the lysosomal compartments in the
cells. The merged image of 5-FAM green fluorescence (Figure
5a) and lysotracker red (Figure 5b), shown in yellow (Figure

5c), indicated the colocalization of 5-FAM with the lysosome.
In addition, the spatial-intensity profile analysis of PC3-Flu cells
(inset: white line along PC3-Flu cells) in Figure 5d,e signifies
the overlap of 5-FAM green and lysotracker red fluorescence.
The fluorescence intensities of 5-FAM and lysotracker red were
quantified, and the weighted colocalization coefficient was
determined to be 86.5 ± 8.4% (n = 20 cells) using ZEN image
processing software, which supports the high correlation of 5-
FAM with the lysosomal compartments. Because lysosomes are
often associated with the late stages of endocytic pathways, this
finding further validates that spherical SFB-K nanobeacons
were internalized through endocytosis. This also suggests that,
if cytosolic accumulation or other organelle-specific deposition
is required, an endosomal escape mechanism should be
incorporated into the nanobeacon design to facilitate intra-
cellular trafficking to its target sites.

Figure 4. Confocal laser scanning microscopy of PC3-Flu cells after 1
h of incubation with 5 μM of SFB nanobeacons in different shapes and
surface charges. Beacon monomers, spherical, and filamentous
assemblies of (a−c) SFB-K and (d−f) SFB-E, respectively. All scale
bars: 20 μm.

Figure 5. Confocal microscopy images of (a) released 5-FAM (green)
and (b) Lysotracker Red staining lysosome (red) of PC3-Flu cells after
incubation with 5 μM of spherical SFB-K for 1 h. (c) Overlay of green
and red channels showed colocalization of released 5-FAM in
lysosome. (d,e) Spatial-intensity profile of PC3-Flu cell along the
white line imposed on the inset images. Colocalization of green and
red channels was quantified, and the weighted colocalization
coefficient was determined to be 86.5 ± 8.4% (n = 20 cells).
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■ CONCLUSION

In this study, we demonstrated the design and construction of
both spherical and filamentous supramolecular imaging probes,
and investigated the effect of their shape, charge, and assembled
state on the internalization by cancer cells. Our findings shed
light on the development of supramolecular imaging agents for
cancer therapeutics and diagnostics from two significant
perspectives. First, our results demonstrated the possibilities
of constructing supramolecular imaging agents of various
morphologies through rational design of the chemical
structures of the imaging agent. The advancement in
conjugation chemistry and peptide chemistry allows for
covalent linkage of almost any functional units with rationally
designed auxiliary units to create new conjugates capable of
assembling into a variety of nanostructures in aqueous
conditions. For these supramolecular probes, it is the
physicochemical properties of the assembled nanostructures
rather than the molecular characteristics of the building units
that determine the eventual circulation fate and cell interaction
outcomes. Although not demonstrated in this Article, it is well
expected these supramolecular beacons could improve the
imaging sensitivity and specificity by delivering a cluster of
molecular probes to the target disease sites. We believe that this
supramolecular strategy opens a new avenue in molecular
imaging that could benefit many areas of biomedical research.
Second, our results suggest formation of supramolecular
nanostructures could improve or reduce their internalization
by cancer cells. Cationic spherical nanobeacons (SFB-K)
outperform monomeric beacon and filamentous nanobeacons,
demonstrating the highest cellular uptake efficiency. This
clearly suggests that for intracellular sensing, spherical objects
of positive charges would be the most logical design. In sharp
contrast, assembly of molecular beacons into filamentous
nanobeacons regardless of charge status significantly reduces
its cellular uptake efficiency and did not show any noticeable
internalization under our experimental conditions. Therefore,
these filamentous nanobeacons could be used for sensing
extracellular proteases such as matrix metalloproteases, for
which internalization should be prevented. We hope that these
promising results will motivate more researchers to work in the
area of supramolecular imaging.

■ MATERIALS AND METHODS
Self-Assembly of Spherical and Filamentous Nanostruc-

tures. HFIP (hexafluoroisopropanol), known to break amyloid-β
interactions into homogeneous monomeric form, was used in this
sample preparation procedure. SFB-K and SFB-E molecules were first
dissolved in HFIP, and the concentration was calibrated to 200 μM in
200 μL of HFIP. HFIP was then removed using a rotary evaporator in
a 40 °C water bath for 10 min, leaving a thin film of dried nanobeacons
on the wall of the glass vial.
For the monomer preparation, all samples were reconstituted in 200

μL of DMSO, yielding a final concentration of 200 μM, and were kept
at room temperature. For the spherical nanostructure formation, all
samples were first reconstituted in 50 μL of 100 mM HEPES buffer,
150 μL of water was subsequently added to yield a final sample
concentration of 200 μM in 200 μL of 25 mM of HEPES buffer, and
all samples were kept at 4 °C. In the preparation of filamentous
nanostructures, SFB-K was first dissolved in 50 μL of 100 mM HEPES
buffer, and 150 μL of water was subsequently added to yield a final
sample concentration of 200 μM in 200 μL of 25 mM of HEPES
buffer. These samples were sonicated in a water bath for 20 min and
kept at room temperature. For filamentous SFB-E nanobeacons, SFB-
E lyophilized powder was dissolved directly in 1×DPBS solution to

yield a final concentration of 200 μM and was stored at room
temperature.

Transmission Electron Microscopy (TEM) and Cryo-TEM. Five
microliters of each sample was spotted on a carbon film copper grid
with 400 square mesh (from EMS: Electron Microscopy Sciences),
and the excess was removed using filter paper to leave a thin film of
sample on the grid. After letting the sample dry for 10 min, 5 μL of 2%
uranyl acetate was added to sample grid, and the excess was removed
after 10 s. All samples were dried for at least 2 h before TEM imaging.

Cryogenic TEM imaging was also performed on the FEI Tecnai 12
TWIN transmission electron microscope, operating at 80 kV. 3−5 μL
of sample solution was placed on a lacey carbon film supported on a
TEM copper grid (Electron Microscopy Services, Hatfield, PA). All of
the TEM grids used for cryo-TEM imaging were treated with plasma
air to render the lacey carbon film hydrophilic. A thin film of the
sample solution was produced using the Vitrobot with a controlled
humidity chamber (FEI). After loading of the sample solution, the
lacey carbon grid was blotted using preset parameters and plunged
instantly into a liquid ethane reservoir precooled by liquid nitrogen.
The vitrified samples were then transferred to a cryo-holder and cryo-
transfer stage, which was cooled by liquid nitrogen. To prevent
sublimation of vitreous water, the cryo-holder temperature was
maintained below −170 °C during the imaging process. All images
were recorded by a SIS Megaview III wide-angle CCD camera.

Zeta Potential Measurement. Zeta potential measurements were
carried out using a Malvern Zetasizer Nano instrument and its
compatible disposable capillary cell (DTS 1070 from Malvern).
Spherical and filamentous SFB nanobeacons were instantly diluted
from 200 to 5 μM in water with a final volume of 1 mL. Measurements
were carried out in automated mode and repeated three times to
obtain an average value and its standard deviation.

Activation of Nanobeacon with Cathepsin B Enzyme. CatB
enzymatic reaction buffer was prepared in 50 mM sodium acetate
buffer with 25 mM L-cystein as enzyme activator, and 1 mM EDTA
was added as enzyme stabilizer. 0.025 unit of CatB was preincubated in
reaction buffer for 5 min at 37 °C to activate the enzyme, and SFB
nanobeacons were added to reaction buffer to yield a final
concentration of 1 μM and a final volume of 100 μL. All samples
were triplicated, and the experiment was carried out in a 96-well
standard opaque plate. 5-FAM molecule was excited at 492 nm, and
emission was collected at 520 nm with a 515 nm cut off. Using a
Gemini XPS microplate reader (Molecular Devices, Sunnyvale, CA),
the kinetic mode was selected and fluorescence intensity was measured
at different time points.

In Vitro Cellular Uptake and Inhibition Studies Using Flow
Cytometry. PC3-Flu cells were seeded onto a 24-well plate with cell
density of 1 × 105 cells/well and incubated at 37 °C, in 5% CO2
overnight. 5 μM SFB nanobeacons (monomers, spherical, and
filamentous, independently) was prepared by adding 12.5 μL of 200
μM SFB stock solution into 487.5 μL of 1640 cell medium for PC3-
Flu. PC3-Flu cells were incubated with the cell medium containing 5
μM of SFB nanobeacons for 1 h in 37 °C. On the other hand, the
energy-dependent endocytosis was inhibited by pretreatment with 10
mM sodium azide and 10 mM 2-deoxy-D-glucose for 15 min, followed
by 5 μM SFB nanobeacons incubation for 1 h in 37 °C. Cell medium
was removed, and 200 μL of Trypsin Gibco 0.25% Trypsin-EDTA
(1×), phenol red (Life Technologies Corporation) was added to PC3-
Flu cells and incubated for 2 min at room temperature. 500 μL of 1640
cell medium was added to each well, and cells were resuspended from
the bottom of each well, then transferred into a 1.5 mL Eppendoff tube
and kept on ice. All cells were centrifuged at 1.7k RPM for 90 s, and
the supernatant was removed. 500 μL of cold 1×DPBS was added to
wash cells and recentrifuged at 1.7k RPM for 90 s. The supernatant
was removed, and 200 μL of cold 1×DPBS was added to resuspend
cells, and then transferred into a flow-cytometry tube. 10 000 live cells
were gated, and fluorescence intensity was detected using a flow
cytometer (FACSCalibur, BD).

Confocal Laser Scanning Microscopy. PC3-Flu was seeded
onto an 8-well plate with a cell density of 3 × 104 cells/well and
incubated overnight in a 37 °C incubator. 7.5 μL of 200 μM SFB
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nanobeacons was added to 292.5 μL of 1640 cell medium and
transferred to each well containing PC3-Flu cells. The cells were kept
at 37 °C for 1 h and then the medium was removed, followed by a
quick wash with 300 μL of cell medium without phenyl red. PC3-Flu
cells were imaged directly without fixing the cells. The cell nuclei were
stained in blue with Hoechst 33342, and lysosome compartments were
stained with Lysotracker Red for 30 min before the cell imaging.
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